Detection of single molecules represents the ultimate level
of sensitivity and has been a longstanding goal of analytical
methods. Because of its high sensitivity, and because a
bright signal appears against a dark background, fluores-
cence is one obvious choice for single-molecule detection
(SMD). However, SMD using fluorescence is technically
difficult. The first report on SMD using fluorescence with a
single fluorophore at room temperature appeared just 15
years ago in 1990.! In that report SMD was accomplished
under flow conditions to minimize the observed volume.
Pulsed laser excitation was used to allow off-gating of the
scattered light, which otherwise obscured the signal. Even
with careful optical filtering and solvent purification the
detected signal was only about 50 photons per molecule of
rhodamine 6G in water, with background counts of up to 20
photons. This work! demonstrated that SMD would be a
difficult task, particularly in less pure biological samples.
The literature contains earlier reports of SMD. These
include the report by Hirshfeld in 19762 and reports by
Keller, Mathies, and coworkers in 1989.3+4 However, these
experiments were performed with large molecules, each of
which contained multiple fluorophores. In Hirshfeld's work
the protein—polymer complex contained about 100 fluores-
cein molecules.2 In other studies SMD was accomplished
with phycobiliproteins.3# Single-molecule detection was
reported in the late 1980s at liquid helium temperature’ or
for trapped atoms,%7 which are conditions not suitable for
biochemical experiments. In this chapter we will focus
mainly on SMD of single fluorophore molecules or a larg-
er molecule containing a single bound fluorophore under
typical conditions used for biochemical experiments.
There are several methods for detection of single or
small numbers of fluorophores. Fluorescence correlation
spectroscopy (FCS) measures fluctuations in the small
number of molecules in a focused laser beam. FCS will be
described in the following chapter. FCS is useful with freely
diffusing molecules. Other methods for SMD are based on
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optical imaging using various forms of microscopy. Using
these methods a molecule can only be imaged if it stays in
one place during observation. Hence spectroscopic studies
of single molecules are almost invariably performed on
immobilized molecules. This can be accomplished with
highly viscous or rigid polymers or with molecules tethered
to a surface.

SMD is an exciting methodology for several reasons.
From a fluorescence point of view we begin to deal with
absolute quantities rather than relative intensity values.
When performing anisotropy measurements on single mol-
ecules the theory changes because the classic equations for
anisotropy (Chapter 10) were derived based on averaging of
the signal from a large number of randomly oriented mole-
cules. Perhaps the dominant reason for using SMD is to
avoid ensemble averaging. For instance, suppose a solution
contains two types of fluorophores. The emission spectra of
a single molecule in the mixture will be representative of
just one type of molecule, and not an average spectrum.
Single-molecule studies of enzymes can reveal the time
course of the enzymatic reaction, without the use of high-
speed mixing or other synchronization methods that are
needed when studying a large number (ensemble) of mole-
cules. Structural fluctuations of macromolecules may be
seen directly, which is not possible with ensemble-averaged
measurements.

The usefulness of avoiding ensemble averaging is
shown in Figure 23.1. Consider a molecular beacon that can
exist in a closed state that is quenched or an open state that
is fluorescent. Assume that the temperature is adjusted so
that half the molecules are closed and half are open. The
ensemble spectrum from a solution containing many molec-
ular beacons would have an intensity 50% of the maximum
unquenched intensity (lower panel). This ensemble spec-
trum would not reveal if half of the beacons are open or
closed, or if all the beacons are 50% quenched. Emission
spectra of the single molecules would provide this informa-

757



758
Single Molecule Spectra
= .":
2] 0
& = Open
; Closed —
= =z
WAVELENGTH WAVELENGTH
> Open/a\
E ! \ _Ensemble
z & . Spectrum
w \
= / 5
2| /. Closed\
WAVELENGTH

Figure 23.1. Comparison of single-molecule and
spectra for a molecular beacon.

ensemble emission

=— S-Q-E-F

SINGLE-MOLECULE DETECTION

tion. If the observed single-molecular beacon were open the
single-molecule spectrum would have the intensity expect-
ed for a single fluorophore. If the observed molecular bea-
con were closed, it would display a lower intensity or would
not be observable. Intermediate intensities would be
observed if the beacon was partially quenched. If the mo-
lecular beacon folds and unfolds on the timescale of the
measurements then the signal would fluctuate. This exam-
ple shows how observation of single molecules can reveal
information about the conformation of biomolecules which
is not available when observing many molecules.

Another opportunity using SMD is to study reaction
kinetics without synchronization of the reaction. Consider
an enzyme catalyzed reaction where the substrate is nonflu-
orescent and the product is fluorescent. The reaction is usu-
ally started by addition of the substrate (Figure 23.2, top
panel) and the progress of the reaction followed by the
change in fluorescence intensity. These data would not
reveal any intermediate steps in the reaction. Now consider
an experimental design where a single enzyme molecule is
bound to a surface. In this case the enzyme (E) is labeled
with a fluorophore (F) and the substrate contains a
quencher. When the substrate (S—Q) binds to the enzyme
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Figure 23.2. Comparison of ensemble and single-molecule enzyme kinetics. The enzyme is labeled with a fluorophore (F). The substrate contains a

group (Q) that quenches the fluorophore.
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the intensity of F decreases (lower panel). When the prod-
uct dissociates the intensity will return to the initial value.
If intermediate states are present they might be observed by
intermediate intensities. The time intervals when the inten-
sities are high or low can be used to determine the rate con-
stants for the reaction. In the case of the single molecule it
is not necessary to consider the starting time for the reac-
tion. The reaction can be studied in a stationary experiment,
assuming the substrate concentration is not changing. Mea-
surements on different single enzyme molecules would
reveal if there were subpopulations with different kinetic
constants. These two examples (Figure 23.1 and 23.2) show
that a wealth of new information is available when observ-
ing single molecules.

Perhaps surprisingly, SMD is not presently used for
high-sensitivity detection. Single molecules are observed
but not usually counted. At present it is considerably easier
to find and measure single immobilized molecules than to
count the number of molecules in a sample. However, sin-
gle-molecule counting is likely to be used more frequently
in the future, as shown by attempts to determine the
sequence of single strands of DNA.8-9 The field of SMD is
growing rapidly. We have attempted to provide a snapshot
of this changing technology. More detail abut SMD can be
found in recent reviews and monographs.!0-18

23.1. DETECTABILITY OF SINGLE MOLECULES

It is informative to consider the samples and instrumental
requirements needed to detect the emission from a single
molecule above the background signal from the system. In
any real system there will be background signal due to
impurities in the sample, emission from optical compo-
nents, scattered light at the incident wavelength, and dark
counts (dark current) from the detector. Assume for the
moment that the instrument is perfect without signal from
these sources. Surprisingly, even a perfect instrument does
not guarantee that a single fluorophore can be detected. If
one examines the literature on SMD one finds that SMD is
almost always performed in a restricted volume, that is, by
observing a small region of the sample. This restriction is a
consequence of intrinsic Raman scattering, which cannot be
avoided.

Rhodamine 6G (R6G) is frequently used for SMD. Fig-
ure 23.3 shows the emission spectrum of R6G along with
the Raman spectrum of the solvent ethylene glycol.!® The
optical cross-section of a chromophore (o) can be calculat-
ed from its molar extinction coefficient (¢) using!¢
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Figure 23.3. Emission spectrum of rhodamine 6G in ethylene gly-
col. Also shown is the Raman spectrum for ethylene glycol.
Revised from [19].

o, = 2.303e/N (23.1)
where N is Avogadro's number. The electronic transition of
RO6G is strongly allowed and the cross-section for absorp-
tion (o) is essentially equal to its geometric cross-section,
about 4 x 10-1¢ cm?, or 4 A2, For a single molecule of eth-
ylene glycol (EG) the cross-section for Raman scattering is
about 3 x 10-28 cm2, or 3 x 10-12 A2.19 Since the Raman sig-
nal appears in the same wavelength range of R6G fluores-
cence, the contribution of Raman scatter cannot be com-
pletely eliminated by emission filters. The Raman scatter
from the ethylene glycol solvent will equal the emission
from R6G when one R6G molecule is dissolved in 1.3 x
1012 molecules of EG. Since one mole of EG occupies
about 56 ml, this number of molecules occupies a volume
of 1.2 x 10-1 ml or 120 um3. In order to obtain a signal
from R6G equal to the Raman scatter the molecule must be
in a square less than 4.9 um on each side. Raman scatter,
from the solvent limits the detectability of signal fluo-
rophores to volumes of less than about 100 fl. Single-mole-
cule experiments are usually designed so that the observed
volume surrounding a single fluorophore is about 1 femto-
liter (10-15 1), which is the volume of a cube 1 pm on each
side.

The difficulty of SMD can be seen by considering a
single R6G molecule in 1 ml of water (Figure 23.4).
Assume that the quantum yield of R6G is unity and that the
spatial distribution of the emission and scattered light is
similar. The signal observed for each molecule will be pro-
portional to its cross-section and the number of molecules.
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Figure 23.4. Intensities of Raman scattering from water relative to a
single R6G fluorophore.

Assume the Raman cross-section for water is 1028 cm2.
One ml of water contains 3.3 x 1022 molecules, so that the
Raman scatter from 1 ml of water is the product of the
Raman cross-section (o) and the number of molecules, or
about 3 x 10° cm?2. The Raman scatter from 1 ml of water
is 10'%-fold greater than the signal from one R6G molecule.
Without some breakthrough in technology a single fluo-
rophore in a milliliter volume cannot be detected.

While SMD is difficult, the situation is not hopeless. In
order to obtain signal from the fluorophore, comparable to
or greater than from the solvent, the size of the observed
sample has to be restricted. For example, in order to make
the emission of one R6G equal to that of the solvent water
the volume has to be reduced by a factor of 1010 to 10-10
cm?. This volume corresponds to a box 4.6 um on each side
(Figure 23.4). Of course, for a useful experiment the signal
has to be larger than the scatter. To make the emission 100-
fold larger than the scatter the volume has to be reduced to
10-12 cm3, which corresponds to a box 1 micron on each
side, which is 10-13 1 =1 fl. Modern microscope objectives
easily focus light to wavelength dimensions, which for 600
nm light would be about 0.22 fl. Hence, based on consider-
ation of only Raman scatter, it should be possible to detect
single fluorophores using microscope objectives. In reality
the situation is far less favorable because all the molecules
in the light path of the microscope contribute to the signal.
Confocal optics are needed to reduce the observed volume
by rejecting signal from above and below the focal plane.
The solvent or sample may contain fluorescent impurities;
the detectors always have dark counts. Additionally, single
molecules often photobleach while they are being observed.
SMD is still a technological challenge.

SINGLE-MOLECULE DETECTION

23.2. TOTAL INTERNAL REFLECTION AND
CONFOCAL OPTICS

23.2.1. Total Internal Reflection

Prior to describing the optical methods needed for SMD it
is necessary to understand the principles used to restrict the
observed volume. One commonly used method is total
internal reflection (TIR). TIR occurs when a beam of light
encounters an interface with a lower refractive index on the
distal side, and the angle of incidence exceeds the critical
angle (0). The underlying physics of TIR is somewhat
complex29-23 but the end result is simple. Consider a hemi-
cylindrical prism (n,) optically coupled to a slide with the
same refractive index n, (Figure 23.5), and assume light is
incident at an angle 6,. Assume the sample has a lower
refractive index n,. The values of n, = 1.5 and n, = 1.3 are
typical of glass and water, respectively. If one examines the
intensity of the transmitted light one finds most of the light
is transmitted at low angles of incidence. The reflectance is
above zero when values of 6, are less than 60° (lower
panel). For angles greater than the critical angle 0, the
transmission drops to zero and the reflectivity increases to
100%. For 0; > 6 the beam is said to be totally internally
reflected. The critical angle can be calculated from n, and
n, using

0c = sin_l(ﬂ)

n,

(23.2)

For 6, > 0. the beam is completely reflected at the
interface, but the incident beam can still interact with the
sample at the glass—water interface. This is because when
TIR occurs the intensity penetrates a short distance into the
sample. The intensity of the light along the z-axis, the
square of the electric field, is given by

I(z) = 1(0) exp(—z/d) (23.3)

where /(0) is the intensity at the interface. The decay con-
stant is given by

x
d = —"“(ndsin®, — n)~ 1" (23.4)
4n

where 2 is the wavelength of the incident light in a vacu-
um. For 600-nm light with the parameters in Figure 23.5
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Figure 23.5. Top: Optical geometry for total internal reflection
(TIR). Bottom: Calculated reflectance and transmittance for n, =
1.5and n, = 1.3.

and an incidence angle of 70° one finds d = 73.3 nm. The
values of d are typically a fraction of the wavelength. Equa-
tion 23.4 is sometimes defined incorrectly in various publi-
cations, and describes the distance-dependent decreases in
intensity. Equation 23.4 is sometimes presented with a fac-
tor of 27 in the denominator rather than 4n. The expression
with 2r in the denominator represents the distance-depend-
ent decrease in the electric field, not the intensity.

Total internal reflection is valuable in SMD because it
provides a way to limit the volumes. When using TIR only
fluorophores within the evanescent field are excited. Instead
of a long illuminated path through the sample, the effective
illuminated path is sub-wavelength in size. The restricted
illuminated distance along the z-axis reduces the effective
volume and makes it possible to detect single molecules.
This can be seen by calculating the volume of a spot illumi-
nated using TIR conditions. Suppose the spot size is 20 pm
in diameter and the penetration depth is 100 nm. The effec-
tive volume of the illuminated region is about 30 pm? = 30
fl. Hence a single molecule of R6G should be detectable
using these conditions, with a signal-to-noise ratio (S/N)
near 3 when observing the entire volume. If the observed
volume is reduced further the S/N ratio will be improved.
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23.2.2. Confocal Detection Optics

Figure 23.4 demonstrated the need to decrease the effective
sample size in order to detect a fluorophore above intrinsic
scatter from the sample. It would be difficult to prepare
such a nano-sized structure containing a single fluorophore.
Even if one could prepare a small volume with a single flu-
orophore this would not be useful because the goal is usu-
ally to select and observe a region from homogeneous solu-
tions or heterogeneous biological samples. Fortunately,
confocal fluorescence microscopy provides an optical
method to limit the observed volume.

Figure 23.6 shows a schematic of confocal optics. The
principles have been described in more detail in many
reports.2+27 Suppose the sample is thicker than a single
layer of fluorophores, such as a polymer film containing a
low concentration of fluorophores. Illumination through the
objective is called epi-illumination. The incident light
excites all the fluorophores within the illuminated cone.
Emission is collected back through the objective, which is
called the epifluorescence configuration. Emission is sepa-
rated from light at the incident wavelength by a dichroic fil-
ter that reflects wavelengths longer than the incident light to
a detector. A dichroic filter is a device that transmits some
wavelengths and reflects others. In this case the dichroic fil-
ter transmits the excitation and reflects the emission wave-
lengths.

When using single-photon excitation the incident light
excites the entire thickness of the sample with a cone-like
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Figure 23.6. Principle of epifluorescence with confocal detection.
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Figure 23.7. Optics for SMD imaging based on total internal reflec-
tion. Revised from [16].

pattern (Figure 23.6). The objective will collect the light
from this cone, which includes the signal from the fluo-
rophore, Raman scatter from the solvent, and emission from
impurities in the solvent. If a single fluorophore is present
in the illuminated cone its emission can be overwhelmed by
the background from the solvent because the observed vol-
ume is too large. Suppose the laser beam is focused to a
diameter of 500 nm and the sample is 100 pm thick. Then
the observed volume is about 20 fl, which is borderline for
single-molecule detection.

The difficulty due to unwanted signal from the solvent
can be solved to some extent using confocal optics. This
means that a small pinhole aperture is placed at a focal
point in the light path. By ray tracing of the light path one
can see that light from above or below the focal plane is not
focused on the pinhole, and does not reach the detector.
Using this approach the effective depth of the sample can be
reduced to about twice the incident wavelength. The z-axis
resolution is typically several-fold less than the resolution
in the x—y focal plane. Suppose the effective observed vol-
ume is a cylinder 500 nm in diameter and 1000 nm long.
The volume of the cylinder is about 0.2 fl. Using Figure
23.4 one sees that the signal from a single fluorophore can
be about 500-fold larger than the Raman scatter. This is a
very optimistic estimate of the S/N ratio, which does not
include a number of factors, including impurities, nonideal
properties of the lenses and filters, photobleaching, and sat-
uration of the fluorophore.

23.3. OPTICAL CONFIGURATIONS FOR SMD

Essentially all SMD instruments use an optical configura-
tion which limits the observed volume. Different approach-
es are used for wide-field observations and point-by-point
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observations. For wide-field observations the most common
approach is to use TIR. Two commonly used wide-field
approaches!628 are shown in Figure 23.7. Both configura-
tions are based on an inverted microscope. The most direct
approach (left) is to excite the sample through a prism so
that the excitation undergoes TIR. Fluorophores in the sam-
ple, which are also within about 200 nm of the interface, are
excited by the evanescent field. The emission is collected
by an objective, filtered to remove unwanted light, and
imaged on a low-noise CCD camera. When using this
approach it is necessary to aim the incident light at the focal
point of the objective.

A somewhat more convenient approach to TIR illumi-
nation is shown on the right side of Figure 23.7. In this case
illumination occurs around the sides of the objective, caus-
ing the light to be incident on the glass—water interface at an
angle above the critical angle. This creates an evanescent
field that excites a thin plane of the sample next to the inter-
face. With this configuration the excitation light is always
aligned with the collection optics because the excitation and
emission pass through the same objective.

It is informative to examine a single-molecule image.
Figure 23.8 shows an image of a mutant T203Y of green
fluorescent protein (GFP).!6 This image was obtained using
the prism and TIR configuration with a CCD detector. The
GFP molecules were immobilized in dense poly(acry-
lamide) to prevent translational diffusion during the 100 ms
exposure time. If the molecules were not immobilized they
would diffuse several microns during this time and not be
seen in the image. The single-molecule intensities are not
all the same, which is due in part to the decaying evanescent

Figure 23.8. Single-molecule image of GFP mutant T203Y. The
image was obtained using TIR illumination and a CCD camera. The
GFP mutant was immobilized in poly(acrylamide). The image is 2.4 x
2.4 pm. Images courtesy of Dr. W. C. Moerner from Stanford
University.



PRINCIPLES OF FLUORESCENCE SPECTROSCOPY

—0Optical fiber

Scanning stage Scanning stage

Objective Objective
Dichroic filter

ichroic fi o —
Filter %
Aperture SPAD

SPAD

Figure 23.9. Optics for SMD using point-by-point measurements.
Revised and reprinted with permission from [16], Copyright © 2003,
American Institute of Physics.

field and different distances of the GFP molecules from the
glass—polymer interface. As we will describe below, single
molecules often show blinking behavior. Blinking is not
seen in the images because the CCD is an integrating detec-
tor that measures total intensity during the data collection
time. The diameter of each single-molecule image is about
200 nm, which is much larger than the size of the GFP or
its chromophore. The size of the spots is determined by the
resolution of the optics.

Another approach to limiting the observed volume for
SMD is to use confocal optics?®-3! and point-by-point
detection, rather than imaging. Two configurations for
point-by-point SMD measurements are shown in Figure
23.9.16 The left side shows a confocal configuration with
objective illumination. There is a single-point detector so
the sample is not directly imaged. Instead, a single point is
observed at one time. The sample stage is raster scanned to
create an image. Fortunately, highly accurate motorized
stages are available that provide resolution down to molec-
ular sizes, or even less. For SMD the present detector of
choice is a single-photon-counting avalanche photodiode
(SPAD).

Figure 23.10 shows single-molecule images of a GFP
mutant—10C—collected using confocal optics and stage
scanning.’? The size of the spots are about 500 nm in diam-
eter, which is determined by the optical resolution and not
the size of the molecules. The appearance of the images is
dramatically different from the GFP images in Figure 23.8.
These images were obtained by raster scanning so the same
GFP molecule is illuminated several times. Some of the
GFP molecules disappear completely on subsequent scans,
and some molecules disappear in some scans but reappear
in later scans. This occurs because the GFP molecules are
blinking and/or photobleaching during the observation.
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Figure 23.10. Confocal fluorescent images of single molecules of
GFP mutant 10C in poly(acrylamide) measured by stage scanning.
Image size 10 x 10 pm. Reprinted with permission from [32].

Blinking occurs when the molecules undergo intersystem
crossing to the triplet state. These molecules remain dark
until they return to the ground singlet state. Blinking was
not seen in Figure 23.8 because the CCD integrated all the
emission occurring during the exposure time.

Another single-point approach to SMD and/or imaging
is based on near-field scanning optical microscopy
(NSOM). NSOM is based on a simple principle33-35 but in
practice is difficult. Highly localized excitation is obtained
using an optical fiber (Figure 23.9 right). The end of the
fiber is drawn to be very thin: typically 80 nm in diameter.
The sides of the fiber are then coated with aluminum. Laser
light is focused to enter the larger distal end of the fiber. A
very small fraction of the light is transmitted from the tip of
the fiber. Alternatively, the light in the fiber can be imagined
as creating an evanescent field at the tip of the fiber, analo-
gous to TIR. The tip is then positioned near the sample, typ-
ically with in 20 nm using components similar to an atom-
ic force microscope (AFM). The fibers are fragile and the
stage is usually scanned to create an image, while the fiber
is held at a known distance above the sample. Because only
a small region of the sample is excited, there is no need for
a confocal aperture to eliminate scattered light from a larg-
er volume of the sample.

Figure 23.11 shows a single-molecule NSOM image of
the dye oxazine 720 in poly(methylmethacrylate) (PMMA).
This image was obtained by scanning a metal-coated fiber
above the surface, with illumination through the fiber. The
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Figure 23.11. Single-molecule images of oxazine 720 in poly(methyl-
methacrylate) obtained using NSOM. Image size 4.5 x 4.5 pm.
Revised from [13].

spatial resolution is not limited to optical resolution and is
determined by the diameter of the fiber. In this image the
spots are below 100 nm in diameter.

SMD imaging is also measured using laser scanning
confocal microscopy (LSCM). LSCM is accomplished
using optics similar to Figure 23.6. Instead of observing a
single spot in the image, the laser excitation is raster
scanned so that the focused light is scanned across the sam-
ple.2-31 The light collected by the objective is focused on
the pinhole to pass light from the desired volume element
and reject light from outside the focal volume. A single-
point detector, usually an SPAD, is used to measure the
light returning from each point in the image.

Single-molecule imaging has been accomplished using
standard epifluorescence and a high-quality CCD detector.
This is possible if the sample is thin, where there is little or
no signal from molecules outside of the focal plane. Figure
23.12 shows an epifluorescence image of a tetramethylrho-
damine-labeled lipid (TMR-POPE) in a monolayer of
POPC prepared as a Langmuir-Blodgett film.3¢ Single mol-
ecules were observable because the sample was only the
thickness of a phospholipid monolayer. This image illus-
trates the need for extremely low fluorophore concentra-
tions for SMD. The mole fraction of TMR-POPE has to be
below about 10-¢ for single molecules to be observed
because two fluorophores closer than the optical resolution
of the microscope appear as a single spot.

23.4. INSTRUMENTATION FOR SMD

Prior to showing additional experimental results it is valu-
able to examine a typical instrument used for these meas-
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Figure 23.12. Epifluorescence images of TMR-POPE in a monolayer
of POPC. The mole fractions of labeled lipid are (a) 6.5 x 10-3, (b) 6.5
x 106, (¢) 6.5 x 10-8, and (d) 6.5 x 102 mole/mole. In (a) the intensi-
ty was divided by 50. Exposure time was 5 ms. Reprinted with per-
mission from [36]. Copyright © 1995, American Chemical Society.

urements. Figure 23.13 shows the schematic for a confocal
SMD instrument.37 Laser light is brought to the sample by
reflection off the dichroic filter. If needed, the polarization
of the incident light is adjusted with polarizers and/or wave
plates. Emission is selected by the same dichroic filter and
then passes to the detectors. In order to find and/or image
the fluorophores the stage is scanned in the xy direction,
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Figure 23.13. Schematic for stage-scanning confocal SMD. Revised
and reprinted with permission from [37]. Copyright © 1998,
American Chemical Society.
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with z scanning if needed for focusing. The presence of a
fluorophore is seen as a burst of photons when the fluo-
rophore is in the incident beam. The most commonly used
detector is the single-photon-counting avalanche photodi-
ode (SPAD). The emission can pass through an aperture to
provide confocality, or may just be focused on the SPAD
allowing the small active area to serve as the aperture. In
many measurements two SPADs are used, which allows
measurements through different polarizer orientations or
different wavelengths. If needed the emission can be direct-
ed toward a CCD camera for imaging, or a spectrometer for
collecting emission spectra.

The instrumentation for single-molecule detection
using NSOM is similar except that the excitation is deliv-
ered to the sample via a tapered metal-coated optical fiber
(Figure 23.14). The fiber tips are fragile so there are usual-
ly feedback mechanisms to keep the fiber at a known dis-
tance above the sample. Because the sample is only excited
near the fiber top there is no need for a confocal aperture to
reduce background from out-of-focus regions of the sam-
ple.

23.4.1. Detectors for Single-Molecule Detection

For single-point measurements on single molecules the
presently preferred detector is the SPAD. At first glance it
seems surprising to use an SPAD rather than a photomulti-
plier tube (PMT). PMTs are able to multiply single-photo-
electron events by a million-fold. In contrast, a typical
SPAD provides an amplification near 100-fold.3° Essential-
ly all single-point SMD experiments are performed using
some type of single-photon counting (SPC) rather than ana-
log detection. This is because the photon arrival rate is typ-
ically low so that individual photoelectron pulses are
detectable. The use of SPC allows the lower threshold to be
adjusted to neglect smaller noise pulses. It is possible to
observe single-photon events with an SPAD, and there is no
need for further amplification if the photon can be counted.
Single-photon counting can be accomplished using
either a PMT or an SPAD. SPADs have several advantages
over PMTs. One issue is that of simplicity. SPADs along
with the electronics to count single-photon events are avail-
able in small packages that require only a 5-volt source. The
higher voltages near 20 volts needed to drive the SPAD are
obtained from internal circuits. In contrast, a PMT requires
a much higher voltage—typically over 1000 volts for SPC.
While small PMT high-voltage supplies are available, it is
more difficult to create and shield these higher voltages.
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Figure 23.14. Schematic of a stage-scanning NSOM instrument for
SMD. Revised and reprinted with permission from [38].

Perhaps the main advantage of SPADs over PMTs is
their quantum efficiency. As is described below, a single
fluorophore can only emit a limited number of photons
prior to photodestruction. This fact, and the limited total
collection efficiency with a confocal microscope, makes it
important to detect the incident photons with the highest
possible efficiency. PMTs typically have quantum efficien-
cies near 20%. SPADs have efficiencies near 60% in the
visible and up to 90% in the NIR. The quantum efficiencies
of PMTs typically decrease at longer wavelengths. SMD is
usually performed using red dyes because they have high
extinction coefficients and because autofluorescence from
the sample and apparatus is lower at the longer wave-
lengths. Hence SPADs provide a considerable quantum effi-
ciency advantage over PMTs for SMD. SPADs also have a
low rate of background count—25 to 100 counts per sec-
ond—which is comparable to the best-cooled PMTs.

If SPADs are such efficient detectors, why are PMTs
still the dominant detectors in fluorescence spectroscopy?
An important advantage of PMTs is the large active area of
the photocathode, which can be a square centimeter or
more. As a result the emission does not need to be tightly
focused to obtain efficient detection. Additionally, the high
amplification of a PMT is an advantage in non-photon-
counting applications. In contrast to PMTs, SPADs have
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small active areas: typically near 200 pm in diameter. Such
a small detection area would be inconvenient in a typical
fluorometer, and most of the photons collected by the optics
would fall on inactive regions of the SPAD. However, SMD
is performed using confocal optics, so the emission is
already focused to a small area, which can be on the active
area of the SPAD. In fact, the SPAD itself can act like a pin-
hole because only the focal point of the optics falls in the
active area.

For single-molecule imaging the detector of choice is
the charged coupled device (CCD). A CCD contains an
array of pixels, each of which acts like an individual detec-
tor.#0 A CCD is not a photon-counting detector, but it is an
integrating detector. The signal in each pixel is proportion-
al to the number of incident photons for as long as the CCD
is active. Importantly, the noise in each pixel does not
increase significantly with integration time, at least not with
cooled scientific CCDs. There is a certain amount of noise
associated with reading out the signal in each pixel, so that
longer integration times are an advantage. Like SPADs,
CCDs have a high quantum efficiency, especially at long
wavelengths. The most detailed information on the per-
formance of CCDs is usually provided by the camera com-
panies.

23.4.2. Optical Filters for SMD

In single-molecule detection it is essential to reject scat-
tered light at the excitation wavelength. Fortunately, high-
quality optical filters are available for this purpose.
Depending on their method of production they may be
called holographic notch filters or Rugate notch filters.41-42
Figure 23.15 shows the absorption spectra of typical notch
filters. These filters transmit all wavelengths except a nar-

100 — e
= 75F N
S | L
@ S0f | |
> |

= | g
Z 2T stunm | 1633nm
E U 1 1 .t 1 I\ h 1 1
400 500 600 700 800

WAVELENGTH (nm])

Figure 23.15. Transmission profiles of laser notch filters.
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row band at the wavelength that needs to be rejected. The
optical densities at these wavelengths can be very high—4
to 6—with half-widths of 10 to 20 nm.

In single-molecule experiments extreme care is needed
to eliminate scattered light, so that selection of emission fil-
ters is critical. Because of the intense illumination used for
SMD the Rayleigh scattered excitation needs to be attenu-
ated by a factor of 107 to 108-fold. Figure 23.16 (top panel)
shows a combination of filters selected to observe Nile Red
using 532-nm excitation. The Rayleigh scatter is rejected by
a combination of three filters: a notch filter, a dichroic fil-
ter, and a longpass filter.!® By careful selection of the filters
the desired emission was attenuated only twofold (lower
panel).

Figure 23.17 shows images of the fluorophore DiIC,,
that was spin coated on glass from a toluene solution.*? If
the initial solution is too concentrated the signals from the
molecules overlap, resulting in a spatially continuous inten-
sity (left). At a lower initial concentration, individual DilC,,
molecules can be seen (middle), and at lower concentra-
tions only few molecules are seen (right). The spots for a
single molecule are about 300 nm across, reflecting the lim-
ited resolution available with light microscopy. The bright
spots were assigned to single molecules based on the pro-
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Figure 23.17. Single-molecule images of DilC, on glass obtained
using the stage-scanning configuration shown in Figure 23.13.
Revised and reprinted with permission from [43], Copyright © 1998,
American Institute of Physics.

portionality of number density to concentration and obser-
vation of single-step photobleaching. The different intensi-
ties for the various single molecules are thought to be due
to different orientations of the fluorophore relative to the
polarized incident light.

Close examination of the middle panel in Figure 23.17
shows that some of the single-molecule spots are half-cir-
cles rather than circular. This result shows an important
aspect of SMD, all the fluorophores display blinking.
Examples of the blinking are shown in Figure 23.18 for
three different DilC,, molecules. In each case the intensity
fluctuates dramatically, and eventually the emission stops
when the molecule undergoes permanent photodestruction.
The middle panel is the most typical blinking profile: a rel-
atively constant intensity, followed by a rapid drop in inten-
sity, followed by a return of the intensity. This blinking phe-
nomenon explains the half-circles in Figure 23.17. Recall
that the stage is scanned in the x and y directions to create
the image. A single molecule is illuminated several times as
the sample is raster scanned through the laser beam. If the
fluorophore undergoes blinking or destruction during this
somewhat continuous illumination it is not seen in the sub-
sequent line scans, resulting in the partial circles. This illus-
trates an important advantage of stage scanning with
SPADs. One can follow a single molecule in time to obtain
a more detailed view of its photophysical behavior.

An important feature of SMD is the ability to examine
the behavior of a single molecule rather than the average
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Figure 23.18. Time-dependent intensities of DiIC,, on glass. Revised
and reprinted with permission from [43], Copyright © 1998,
American Institute of Physics.

behavior of numerous molecules. This property is revealed
by the emission spectra for individual molecules of DilIC,,
(Figure 23.19). These spectra are not for the same mole-
cules used for Figure 29.18. Different emission spectra
were found for different molecules. Often the single-mole-
cule spectra were the same as the bulk phase spectra (lower
left and dashed). However, the spectra of single molecules
can also be dramatically different (right panels). These
spectral changes can be the result of a number of mecha-
nisms, such as different local environments on the glass.
The behavior of the molecules depends upon the composi-
tion of the sample. The blinking and spectral changes are
usually different for fluorophores on glass or embedded in
a polymer. In the case of DilC,, in PMMA, different emis-
sion spectra were observed for the same fluorophore at dif-
ferent times, !¢ a phenomenon called spectral diffusion. The
important point is that SMD can provide resolution of
underlying molecular heterogeneity, which can be due to
either the local environment of the fluorophore or the con-
formational heterogeneity in macromolecules.
Single-molecule images of Dil-C,; embedded in poly-
(methylmethacrylate) were also observed using NSOM.#
The excitation was circularly polarized to provide equal
excitation of each fluorophore irrespective of the dipole ori-
entation around the z-axis. The emission was passed
through a polarizing beamsplitter to separate the polarized
components and sent to separate SPAD detectors. The spots
are color coded to show the dipole orientation, which was
determined by the relative intensities of each polarized
component (Figure 23.20). It is interesting to notice that
single molecules display polarized emission, even if the
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excitation along the z-axis is unpolarized. This occurs
because the dipole in the rigid polymer has a unique orien-
tation. If a fluorophore is excited it will emit according to
its orientation, and not the polarization of the incident
beam. Additionally, the polarization can be greater than 0.5,
or the anisotropy greater than 0.4, because the maximum
polarization or anisotropy of a single dipole along an axis is
1.0 (Chapter 10). The extent of excitation is complex
because the near field at the fiber top is more complex than
simple linear polarization.*-46

23.5. SINGLE-MOLECULE PHOTOPHYSICS

When observed with high illumination intensities almost all
fluorophores display blinking. This blinking by single fluo-
rophores can be explained by a simple photophysical
model.#7-59 The dominant origin of fluorophore blinking is
thought to be intersystem crossing (isc) to the triplet state
(Figure 23.21). In this Jablonski diagram the wide arrows
are intended to represent high rates of excitation and emis-
sion, which is typically the case when detecting single mol-

ecules. The incident intensity has to be high enough to
result in a rate of detected photons that is higher than the
dark count of the detector. Increased incident intensities
will not increase the signal-to-noise ratio if the background
signal is due to autofluorescence from the sample, because
this component will also increase with increases in incident
intensity.

The origin of fluorophore blinking can be understood
from the kinetic equations describing the population of the
S state. The steady-state solution of these equations yields
the dependence of S, on the rate constants in Figure 23.21.

The number of molecules in the first singlet state is given
by

cl.St 1615t
o+ L1+ kydky) 1+ L

(23.5)

S

The rate of excitation is proportional to the excitation inten-
sity /, and the cross-section for absorption . Sy is the total
number of fluorophores and t is the lifetime. The S, popu-
lation will show a hyperbolic dependence on the incident
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Figure 23.20. NSOM single-molecule imaging of Dil-C,4. The colors
represent the emission dipole orientation, red horizontal 0°, green ver-
tical 90°, yellow equal signals in both channels. Reprinted with per-
mission from [44].
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Figure 23.21. Jablonski diagram for single-molecule blinking. The
wider arrows are intended to show high rates of excitation and return
to the ground state.

intensity /,. Equation 23.5 describes the entire population.
If individual molecules are examined those in the triplet
state are dark. The blinking properties of the fluorophore
are determined primarily by the rate constants for crossing
to the triplet state (k,,,) and for return from T, to the ground
state (k). It is likely that photobleaching (k,,) occurs from
either the S, or T, state.

Figure 23.22 shows the photon count rate observed for
a tetramethylrhodamine (TMR)-labeled lipid.3¢ The num-
bers of photons per second initially increases linearly with
incident intensity, but quickly reaches a saturating value.
The laser intensities for SMD are typically rather high,
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Figure 23.22. Laser intensity-dependent emission for a single lipid
molecule labeled with TMR. Revised and reprinted with permission
from [36]. Copyright © 1995, American Chemical Society.

which is needed to partially saturate the fluorophores and
obtain a high photon emission rate. These conditions result
in blinking and photodestruction photophysics of fluo-
rophores. The general conclusion is that good fluorophores
such as rhodamine can emit 105 to 10° photons prior to
destruction. Many fluorophores are much less stable and
may emit less than 1000 photons prior to bleaching. There
is an interesting dilemma with regard to the effect of oxy-
gen on photobleaching. On one hand it appears likely that
oxygen can react with the excited states to destroy the fluo-
rophore.”!-52 On the other oxygen quenching of T, should
decrease the T, population, so the fluorophores will return
more quickly to the ground state. Brighter single-molecule
emission has been observed in the presence of oxygen, rel-
ative to an oxygen-free sample,>® which was interpreted as
due to the shorter lived T, state.

In addition to blinking the fluorophores also display
irreversible photobleaching. The resistance of a fluorophore
to photobleaching determines the average number of pho-
tons a fluorophore can emit prior to its destruction. The
photostability of a fluorophore is described by its photo-
bleaching quantum yield (¢) or the inverse (u = ¢p5~"). The
value of p is the average number of excitation-relaxation
cycles a fluorophore can undergo before photobleaching.
When multiplied by the quantum yield, the product repre-
sents the average number of photons emitted by a fluo-
rophore. Typical values of ¢ and p are listed in Table 23.1
for representative fluorophores. These values are only
rough estimates obtained by collecting data from several
reports.*7-48 The number of cycles varies widely from 700
to 3 million depending on the fluorophore. These numbers
are only guidelines because the actual number of cycles will
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Table 23.1. Photostability of Representative Fluorophores?

Fluorophore Op n
Carbostyryl 124 14 x 103 700
Coumarin 139 1.2x 103 800
Coumarin 120 43x 104 2300
Cy5 5x10° 200,000
EGFP 8 x 106 125,000
Fluorescein 3.8x 10 26,000
B-Phycoerythrin 8.8 x 10-¢ 114,000
Rhodamine 6G 8.9 x 106 112,000
Rhodamine 123 6.4 x 107 1,600,000
TMR 2.6 x 10-¢ 380,000
Texas Red 5.5x 105 18,200
TRITC 5.6 x 10-¢ 179,000

aRepresentative vaues obtained from [47-48]. ¢y is the photo-
bleaching quantum yield and p = 1/¢. For some probes the
averaged values are given.

vary widely depending upon the precise conditions of the
samples such as the polymers and the presence or absence
of oxygen.

23.6. BIOCHEMICAL APPLICATIONS OF SMD
23.6.1. Single-Molecule Enzyme Kinetics

Single-molecule detection provides an opportunity to fol-
low a single enzyme molecule during its catalytic cycle.
Suppose an enzyme molecule E is bound to the surface and
labeled with a green-emitting fluorophore G (Figure 23.23),
and that the substrate is labeled with a red-emitting fluo-
rophore R. If one images the sample through a green filter
there will be spots due to the immobilized enzyme. Except
for blinking the green intensity will be constant. If the sam-
ple is imaged through a red filter there will be few if any red
spots because the red fluorophores are rapidly diffusing.
Occasionally the labeled substrate molecule will bind to the
immobilized enzyme molecule. The immobilized red fluo-
rophore will appear as a transient red spot. The duration of
the red spot will depend on the time it takes for the substrate
to bind, be cleaved, and then dissociate from the enzyme
molecule. If a substrate analogue binds irreversibly the red
spots will remain indefinitely until the fluorophore photo-
bleaches. If the color images are overlaid the enzyme mol-
ecules with bound substrate will appear as yellow spots.
The enzyme molecules without substrate will appear as
green spots. Free substrates will not be seen as images due
to their rapid diffusion.

Suppose the enzyme undergoes a conformational
change upon binding substrate that increases the quantum
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Figure 23.23. Schematic of a single-molecule enzyme-catalyzed reac-
tion. The dotted line represents the case where the quantum yield of
the green fluorophore increases upon substrate binding.

yield of the green fluorophore. In this case there will be an
increase in the green intensity when the substrate binds
(Figure 23.23, dashed line) and a return to the initial level
when the substrate dissociates. The change in green intensi-
ty may correlate with the red intensity, or may exist for a
shorter duration if a conformational change occurs after
binding and before release of the substrate. Such a result
would indicate the enzyme returns to its initial conforma-
tion before the products dissociate from the enzyme. Such
a transient increase in green intensity would be difficult to
observe in an ensemble measurement because only a small
fraction of the enzyme molecules would be in the high-
quantum-yield state at any given time. This description
shows that considerable information can be obtained from
measurements on single enzyme molecules.

23.6.2. Single-Molecule ATPase Activity

An example of single-molecule enzymatic activity is shown
in Figure 23.24.5 The S1 subfragment of myosin was
bound to a glass surface using an albumin—biotin—avidin
coating. The S1 subfragment possesses ATPase activity that
cleaves the Cy3-labeled ATP. The protein was also labeled
with Cy3, which allowed the single enzyme molecules to be
located on the slide. After localization of the labeled
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Figure 23.24. Single-molecule enzyme kinetics of ATPase activity. The enzyme was myosin subfragment 1 (S1). The measurements were performed

using objective-type TIR. Reprinted with permission from [54].

ATPase the Cy3 bound to S1 was photobleached to elimi-
nate its emission. This location was then observed after
addition of Cy3-ATP. The intensity shows transient increas-
es when Cy3-ATP/ADP is immobilized on the enzyme. The
intensity returns to background when the Cy3-ADP disso-
ciates from the protein. This experiment was performed
using objective-type TIR. The small thickness of the illumi-
nated area was important to reduce the background intensi-
ty from freely diffusing Cy3-ATP.

23.6.3. Single-Molecule Studies of a
Chaperonin Protein

The concept shown in Figure 23.23 can be used to study
any association reaction. Suppose the surface contains a
green capture protein that binds to a red protein. Green dots
will be seen whenever there is a capture protein. Red dots
will only appear when this protein binds to the capture pro-
tein. Co-localization of green and red spots will indicate the
presence of a complex on the surface. This concept has
been applied to the study of chaperonin GroEL.
Chaperonins are a class of proteins that promote fold-
ing reactions in cells. They can facilitate folding of newly
synthesized proteins or the refolding of denatured proteins.
A well-known chaperonin is GroEL from (Escherichia

coli). GroEL is a large cylindrical protein containing 12
subunits (Figure 23.25). GroEL was labeled with an indo-
cyanine dye IC5 and bound to a glass surface.”> Bovine
(BSA) and human serum albumin (HSA) spontaneously

“Biotinylated BSA
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CyQ-G\roE '
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Figure 23.25. Chaperonin GroEL and GroES. GroEL is labeled
with IC5 and GroES is labeled with Cy3. Reprinted with permis-
sion from [55].
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Figure 23.26. Single-molecule images from IC5-labeled GroEL (EL) and Cy3-labeled GroES (ES) at the indicated times. The images were obtained
using TIR and an intensified CCD camera. The circles show the positions of GroEL. Reprinted with permission from [55].

bind to glass surfaces. If the BSA is biotinylated then avidin
or streptavidin binds strongly to the surface. Streptavidin
contains four biotin binding sites, providing residual bind-
ing sites for biotinylated GroEL. This method of attachment
is frequently used to attach biomolecules to surfaces.

This system was examined using TIR excitation and an
intensified CCD camera for imaging. The upper left panel
in Figure 23.26 shows the locations of GroEL, as deter-
mined by emission from IC5. The remaining three panels
show images of Cy3-GroES. In the presence of ATP GroES
binds to GroEL and the complex acts to refold proteins. At
first the images of GroES are confusing. Some appear
where GroEL is also located and other GroES molecules
appear where there appeared to be no GroEL. In either case
the GroES has to be immobilized to see its emission. The
different positions of GroES binding can be understood as
due to molecular heterogeneity. The surface contains
GroEL molecules that are labeled with IC5 and GroEL mol-
ecules that are not labeled with ICS. This shows how differ-
ent types of reasoning are needed to interpret single-mole-
cule and ensemble measurements.

The arrows in Figure 23.26 point to one GroEL mole-
cule where a GroES molecule also binds. The GroES mol-
ecule appears in 2 of the 3 frames. In this case the absence
of GroES in the 80-second frame is not due to blinking, but
rather to dissociation from GroEL. The process of GroES
binding to GroEL can be followed with time (Figure 23.27).
The Cy3-GroES emission appears and disappears as it
binds to and dissociates from GroEL. This observation of
single-molecule binding kinetics provides a unique way to
measure association and dissociation rates for the reaction.
The times when GroES is observed and when it is missing
provides a statistical measure of the rate constants. If a suit-
ably large number of events are studied the fluctuations in
Cy3-GroES emission can be used to determine the on and
off rates for the reaction.

Histograms of the on and off times are shown in Figure
23.28. The top panel of Figure 23.28 shows a histogram of
the off time, the time duration when emission from Cy3-
labeled GroES is not observed. A large number of short-
duration events were observed. A smaller number of events
were observed for longer durations. This type of data can be
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Figure 23.27. Time-dependent intensities of Cy3-labeled GroES for
the spot indicated by the arrows on Figure 23.26. Reprinted with per-
mission from [55].

used to calculate the rate constant for binding. Consider a
single GroEL molecule that does not contain GroES. At
short times there is a high probability that GroES is not
bound. At longer times there is a smaller probability that
GroES has not bound to GroEL. The histogram of the times
needed for binding reveals the binding rate constant, just
like the histogram in TCSPC reveals the lifetimes.

In a similar way the on times can be used to obtain the
rate of GroES dissociation. Assume the starting point is the
GroEL-GroES complex. We know the complex is present
because of the emission from Cy3. The complex dissociates
spontaneously, as seen by the disappearance of Cy3 emis-
sion (Figure 23.28, lower panel). This decay of the complex
is just like the decay of an excited state, and the histogram
of decay times yields the decay rate. In the case of GroEL
there appears to be a time lag prior to dissociation, as seen
by the rise time at short times. The authors attribute this
time decay to an intermediate state of the complex that has
not been identified.>

23.7. SINGLE-MOLECULE RESONANCE
ENERGY TRANSFER

Single-molecule detection becomes an even more powerful
tool when combined with resonance energy transfer (RET).
Figure 23.29 shows a typical experiment in which emission
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and off times refer to the time duration when GroES contains, or does
not contain, GroEL, respectively. &, is the rate constant for the asso-
ciation reaction, k. the rate constant for the dissociation reaction.
Revised from [55].

spectra and lifetimes are measured for a mixture of protein
molecules each labeled with a donor D. The solution also
contains a fluorescent acceptor A that binds to some of the
donor-labeled protein. The emission spectrum of the solu-
tion will show the presence of both the donor and acceptor.
The situation is complicated because the acceptor emission
will be due to two subpopulations: acceptor free in solution
and acceptor bound to donor. Similarly, the donor emission
spectrum will be due to two components—D and DA. Even
if the intensity decays of the donor or DA pair alone are sin-
gle exponentials the donor decay for the mixture would be
multi-exponential because there would be two species—D
and DA.
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Figure 23.29. Emission spectra and intensity decay for a mixture of
donor-alone (D) and donor—acceptor (D-A) pairs, and acceptor alone,
as seen in an ensemble-averaged measurement.

Observations on single molecules can resolve such het-
erogeneity and bypass ensemble averaging. Suppose the
donor-labeled protein is immobilized on a glass surface
(Figure 23.30) and that single protein molecules could be
separately observed. Then the signal due to any single mol-
ecule would be due to either a donor-alone molecule (left)
or a protein molecule that contains bound acceptor (right).
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Figure 23.30. Emission spectra and intensity decays for single-mole-
cule measurements for a mixture of donor-alone and donor—acceptor
pairs immobilized on a surface.
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Figure 23.31. Schematic of enzyme-catalyzed hydrolysis of a sub-
strate—phosphate (S—Pi) as seen by SMD.
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Figure 23.32. Single-molecule RET of a ribozyme molecule. The
lower panels show the time-dependent donor (green) and acceptor
(red) intensity and RET efficiency. Reprinted with permission from
[56], [58].
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As a result the emission spectrum would be that of the
donor alone or of a donor—acceptor pair. Similarly, the
intensity decay would be a single exponential, a longer life-
time for the donor-alone and a shorter lifetime for the DA
pair. Hence observation of the single protein molecules
allows the properties of each species (D and DA) to be
measured.

Single-molecule RET can also be used to detect con-
formational changes in macromolecules. Assume the
macromolecule is labeled with both a donor and an accep-
tor. Suppose the donor and acceptor are initially too far
apart for RET but closer together when a complex is formed
(Figure 23.31). Complex formation will result in a decrease
in donor intensity and increased acceptor intensity. These
intensity changes can be used to calculate the efficiency of
energy transfer at any point in time. This coupling of
changes in the donor and acceptor intensities provides a
direct approach to study the dynamics of macromolecules.

Single-molecule RET has been used to follow confor-
mational changes in a single ribozyme molecule.’® Figure
23.32 shows a ribozyme from Tetrahymena thermophila.
The ribozyme was linked to the surface by extending the 3'
end of the ribozyme. An oligonucleotide complementary to
the extension was bound to the surface by biotin—strepta-
vidin chemistry. This tethering oligo was also labeled with
a Cy5, providing the acceptor labeling on the ribozyme.
The substrate of the reaction, which is another short
oligonucleotide, was labeled with Cy3 as the donor. The
labeled molecules were observed using TIR microscopy.

The lower panel in Figure 23.32 shows the time traces
of the Cy3-donor and Cy5-acceptor emission. These signals
are clearly anticorrelated, when the donor intensity drops
the acceptor intensity increases, and vice versa. These sig-
nals were used to calculate the time traces for RET, show-
ing oscillations from about 35 to 100%, indicating a change
in D-A distance from about 70 to 15 A. These data thus
revealed the time-dependent motions of the labeled sub-
strate on the ribozyme, which is shown schematically in the
figure. It is clear from these examples that single-molecule
studies of biomolecules can provide unique insights into the
function and dynamics of biomolecules.

23.8. SINGLE-MOLECULE ORIENTATION AND
ROTATIONAL MOTIONS

Since single molecules can now be detected, laboratories
have started performing more detailed spectroscopic meas-
urements.’’-%0 Studies of polarized emission from single
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fluorophores provides some unique opportunities. At first
glance the experimental results are counterintuitive when
viewed from the perspective of ensemble-averaged meas-
urements (Chapters 10-12). It is easier to understand the
single-molecule results following an intuitive description of
the unique features of single-molecule polarized emission.
We are using both the terms polarization and anisotropy
because there is presently no standardized formalism for
SMD. Both the polarization and anisotropy are useful under
different experimental conditions.

Figure 23.33 (top panel) shows a schematic optical
configuration and results for a single fluorophore with col-
inear absorption (A) and emission (E) dipoles, where 3 = 0,
and [ is the angle between the transition moments. In such
experiments the excitation is frequently delivered to the
sample by an optical fiber. Assume there is a single immo-
bilized fluorophore with its transition moment oriented
along the x-axis, and that the emission is observed without
a polarizer. Recall that the probability of absorption is pro-
portional to cos? 6, where 0 is the angle between the absorp-
tion transition moment A and the incident electric field. As
the electric vector of the incident light is varied the intensi-
ty changes as cos? 0 (top panel). The maximum intensity
occurs at 0 = 0, where the incident field is parallel to A.

Now consider excitation with unpolarized light (Figure
23.33, lower panel) with observation through a polarizer.
Rotating the emission polarizer will yield the same result,
with the intensity changing as cos? 0. In fact, polarization of
the incident light does not affect the result, except at 6 =
90° when the fluorophore is not excited. The emission al-
ways displays cos? 0 dependence centered at 8 = 0 because
the single molecule radiates as a dipole oriented along the
z-axis. Assume in the lower panel the intensity along the x-
axis is [, and I, along the y-axis. Both the polarization and
anisotropy are 1.0. Recall that the highest anisotropy of a
solution is 0.4, which is the result of cos? 6 photoselection
with ensemble averaging. Recall that a fluorophore always
emits from the lowest singlet state. As a result the polariza-
tion of a single molecule is the same independent of the
polarization of the excitation. SMD avoids averaging,
returning the value of 1.0 expected for a single fluorophore
(Chapter 10).

Now consider similar measurements for a fluorophore
with perpendicular absorption and emission dipoles, where
B =90° (Figure 23.34, top). Assume the angle of the inci-
dent field is rotated, and the emission is observed without
an emission polarizer (top). One obtains the same cos? 0
dependence as for § = 0. Notice the maximum is again at 0
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Figure 23.33. Polarization properties of a single fluorophore with colinear (f = 0) absorption (A) and emission (E) dipoles.

= 0°, even though B = 90°. This surprising result can be
understood as the result of the cos? 6 dependence on
absorption. Since the fluorophore is observed without an
emission polarizer the maximum signal is seen when the
excitation rate is the highest, at © = 0. A different result is
obtained if the fluorophore is excited with unpolarized light
and observed through an emission polarizer (Figure 23.34,
bottom panel). Now the cos? 0 dependence is shifted 90°
due to 6 = 90°. The same dependence on cos? 6 would be
observed for any polarization of the incident light because
the emission intensity through the polarizer is determined
by the position of the emission dipole. The polarization of
the emission is —1.0 because the emission is polarized along
the y-axis.

In a typical ensemble anisotropy measurement one
usually rotates the emission polarizer to perform the meas-
urement (Chapter 10). However, in Figure 23.33 and 23.34
(top panels) the excitation polarization was rotated. This is
frequently done in polarized fluorescence microscopy
because of the depolarizing effects of the microscope objec-

tive. If linearly polarized light is passed through the aper-
ture and focused on the sample or molecule, the field is par-
tially depolarized.®! This effect is a result of the large
numerical aperture and the different angles of incidence for
light, passing through the center or the outer region of the
objective. Light can be brought to the sample without this
effect if the light is not passed through the objective, but
instead directly to the sample (Figure 23.35). The larger
aperture of the objective does not affect the emission meas-
urements because the objective simply collects the emission
which depends only on the orientation of the incident polar-
ization and the fluorophore. The orientation of the incident
polarization defines the parallel component (/). This com-
ponent can be rotated to be at any angle in the focal plane.
Of course, the single molecule will only be excited if its
absorption dipole has a component along the incident elec-
tric field. The emission is collected by an objective and
passed through a filter to remove the scattered light.

In single-molecule experiments every photon is valu-
able. The molecule may display blinking and will be
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Figure 23.34. Polarization properties of a single fluorophore with perpendicular absorption (A) and emission (E) dipoles.

destroyed after a short period of observation. For these rea-
sons it is not practical to rotate an emission polarizer to sep-
arately measure the two polarized components of the emis-
sion. These polarized components are easily separated with
a polarizing beamsplitter (Figure 23.35). With this device
the p-component relative to the reflective surface of the
beamsplitter is p-polarized. The s-polarized component is
not reflected and passes through the device.6? See Chapter
2 for a definition of p and s polarization. One can see that
the p-polarized intensity (/p) corresponds to the parallel
intensity (/,), and the s-polarized component (I5) corre-
sponds to the perpendicular intensity (/). The relative
detection efficiencies of the two channels (G-factor) can be
measured with solution of fluorophores which displays an
anisotropy of zero. It is important to remember that the
objective will depolarize the emission to some extent due to
its large collection angle.61.63

In this discussion of single-molecule polarization we
assumed that the dipoles were perpendicular to the optical
axis. In reality the transition moments will also have com-

ponents along the optical axis that are out of the sample
plane. Rather than present the somewhat complex mathe-
matical expression to describe these cases, then intuitive
concepts in Figures 23.33 and 23.34 will provide an under-
standing of the experimental results for singe molecules.

23.8.1. Orientation Imaging of R6G and GFP

The optical configuration shown in Figure 23.35 was used
to study R6G molecules in a polymer.%4%5 A number of
R6G molecules were imaged by scanning the sample stage.
The images (Figure 23.36) were obtained by simultaneous
measurement of the s and p components. The left and mid-
dle images show these polarized components. During the
scan the signal in each image transiently disappears which
looks like blinking. However, the summed image (right)
does not show the dark vertical line which indicates the flu-
orophores are not blinking under these experimental condi-
tions. These results indicate that the R6G molecules dis-
played rotational diffusion or jumps in the polymer. This is
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Figure 23.35. Typical configuration for single-molecule polarization
measurements.

reasonable when one recalls it takes considerable time to
scan the sample stage, so the molecule can rotate before the
stage returns to that molecule for a second illumination.
Another approach to single-molecule orientation imag-
ing is to use polarized excitation. As shown in Figure 23.33
the emission will show the same polarization independent
of the polarization of the incident light. Polarized excitation
was used with NSOM to image GFP in poly(acrylamide)
(Figure 23.37). Excitation was accomplished with an alu-
minum-coated fiber optic with a 70-nm aperture using 488-
nm laser light.%¢ The relative intensities in the two polarized
channels were used to calculate the orientation of the tran-
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sition dipoles on the slide. Since the emission remained
polarized during the scan, the GFP molecules were immo-
bilized by the poly(acrylamide) gel. The images show that
the individual GFP molecules each have different photosta-
bilities. Molecules 2 and 3 are stable and did not blink.
Molecules 4 and 5 displayed blinking. Molecule 1 appears
to have been photobleached during the scan.

Single-molecule orientations can also be determined
using NSOM and the shape of the single-molecule
image.7-% Figure 23.38 shows a focused-ion-beam (FIB)
image of the NSOM probe. The probe is coated with alu-
minum, except for the small dark ring in the center (a). The
sample was DilC,, in PMMA. Image b shows the NSOM
images when the excitation is circularly polarized. The
images are not simple circles because of the sharp electric-
field gradients that exist near the tip of the metal-coated
fiber. Because of these field gradients the interactions of the
fluorophore with the NSOM tip depend on its location and
the orientation of the transition moments.

The orientation of the fluorophore can be determined
from the shapes, but the theory is rather complex. The lower
two images were obtained using linearly polarized light, as
shown by the arrows. All the images are color coded
according to the detected polarization. One of the circular
images in panel b becomes a double-labeled image with lin-
early polarized excitation in panels ¢ and d. These polarized
NSOM images provide remarkable detail on fluorophore
orientation.

23.8.2. Imaging of Dipole Radiation Patterns
Advanced Topic

The previous results on single-molecule polarization imag-
ing were obtained using point-by-point measurements and a

Figure 23.36. Polarized emission images of R6G molecules in poly(methylmethacrylate). The PMMA had a glass temperature of 8°C. The two orthog-
onal polarization images (left and center) were used to construct the summed image (right). The white bar is I pm. Reprinted with permission from

[64].
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Figure 23.37. NSOM orientation imaging of GFP in poly(acry-
lamide). Image size 1.8 x 1.8 pm. Reprinted with permission from
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200 nm d

Figure 23.38. Imaging of dipole orientation using NSOM. The sam-
ple was DilC,, in PMMA. The circle and arrows represent the incident
polarization. The green-to-red scale indicates the polarization of the
emission. Reprinted with permission from [68].

scanning sample stage. It is also possible to determine flu-
orophore orientations by a direct imaging method.”%-7* The
theory is rather complex, but the result is intuitively simple.
If the light collection optics are perfect each fluorophore
will appear as a diffraction limited spot, irrespective of its
orientation. However, if there is a slight mismatch in the
immersion fluid then light entering the objective at different
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Figure 23.39. Imaging of single molecule DilC,, in PMMA. Upper
panel shows radiation pattern for a dipole near a dielectric interface.
Reprinted with permission from [70].

angles is not focused at the same point. Figure 23.39 shows
such images. The spatial emission patterns are dots, circles,
or a more complex distorted circle with a central dot. These
images can be understood by the angle-dependent radiation
patterns for a dipole near a dielectric interface (top
schematic). These patterns can be calculated from classical
electrodynamics. The image on the left was obtained with
the fluorophores in the focal plane and the image on the
right was obtained with slight defocusing. In this latter
image the transition moments perpendicular to the interface
(p) result in a doughnut-like image. This can be understood
from the strong angular dependence of the p-dipole cou-
pling into the glass substrate. Transition moments paral-
leled to the interface (s) yield filled circles. If the image is
slightly defocused (right) additional information becomes
available. The images become distorted along the direction
of the dipole orientation. Remarkably, it is now possible to
image not only single molecules, but to image their orienta-
tions as well.

23.9. TIME-RESOLVED STUDIES OF
SINGLE MOLECULES

Time-resolved ensemble measurements frequently reveal
multi-exponential decays for seemingly homogeneous sam-
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Figure 23.40. Single-molecule intensities (left) and lifetimes (right)
for Cy5 (top) and JF9 (bottom) on a glass surface. Images were
obtained using confocal laser scanning microscopy. The lifetimes of
Cy5 and JF9 are near 2 and 4 ns, respectively. Reprinted with permis-
sion from [78].

ples, particularly for biomolecules. Such results are fre-
quently explained as the result of some underlying hetero-
geneity, such as the rotamer conformations for tryptophan
(Chapter 16). Hence it is natural to use time-resolved detec-
tion with single molecules to observe the properties of each
subspecies. Several reports have appeared on time-resolved
SMD. To date essentially all such studies have been per-
formed using TCSPC at a defined position in the sam-
ple.”>-78 Typically the sample is raster scanned to find the
locations of the molecules. The stage is then repositioned
on the molecule of interest, which is excited with a pulsed
laser. The repetition rate of the laser is typically 1 MHz or
higher and the dwell time at each location is about 1 ms.

SINGLE-MOLECULE DETECTION

There is time for a number of pulses to arrive at the sample
during the dwell time. The time intervals between the start
and stop pulses are recorded along with an identifier for the
location of the molecule on the slide.

An example of single-molecule lifetime imaging is
shown in Figure 23.40 for Cy5 and JF9. The two left panels
are the intensity images. The dyes cannot be distinguished
based on the intensities. The two right images show the life-
time for Cy5 (top) and JF9 (bottom). The two fluorophores
can be distinguished from the lifetimes, even at the single-
molecule level. The measurements were then extended to a
mixture of Cy5 and JF9 (Figure 23.41). The two fluo-
rophores cannot be distinguished in the intensity image
(left). However, the individual fluorophores can be identi-
fied from the fluorescence lifetime (right). Since lifetimes
are independent of the total intensity, and since the fluo-
rophores photobleach, we can expect to see more uses of
single-molecule lifetime imaging. These applications will
be facilitated by the increasing ease of lifetime measure-
ments using pulsed laser diodes and modern electronics.

23.10. BIOCHEMICAL APPLICATIONS
23.10.1. Turnover of Single Enzyme Molecules

Single-molecule detection has been used to image the activ-
ity of individual enzyme molecules. The protein cholesterol
oxidase (Cox) was immobilized in an agarose gel.”® Polar-
ization studies showed that the protein displayed rotational
diffusion, but the gel prevented translational diffusion. Cox
catalyzes the oxidation of cholesterol, as shown in the top
panel of Figure 23.42. The cofactor FAD is tightly bound to
the enzyme and is not expected to dissociate. The slide con-
taining immobilized enzyme was imaged by scanning a
442-nm HeCd laser beam across the sample. Recall that the
oxidized form of FAD is fluorescent (Chapter 3). Hence the
reaction results in transient emission from the FAD until it
is reduced by the enzymatic reaction. The on—off fluores-
cence from the protein results in bright spots due to single
Cox molecules (Figure 23.43). The spots display a range of
intensities. This is because photon counts are accumulated
for the entire time the oxidized form is present on the pro-
tein. FAD itself did not display blinking under these condi-
tions. If a single spot is examined with higher time resolu-
tion it displays a blinking intensity, which indicates reduc-
tion or oxidation of the cofactor (Figure 23.42, lower
panel). Accumulation of a longer time trace and examina-
tion of multiple enzyme molecules allowed the Michaelis-
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Figure 23.41. Single-molecule intensity and lifetime images for a mixture of Cy5 and JF9 on a glass surface. Reprinted with permission from [78].

Copyright © 2002, American Chemical Society.

Menten rate constants to be determined from the reaction-
induced blinking.”®

Another example of single-molecule enzyme kinetics
is shown in Figure 23.44. The enzyme dihydroorotate dehy-
drogenase (DHOD) catalyses a reaction in the first step of
de-novo pyrimidine synthesis. In this reaction cycle FMN is
reduced and oxidized. Unfortunately, the flavin is quenched
by a tyrosine residue in the wild-type E. coli protein (Fig-
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Figure 23.42. Blinking of FAD emission during oxidation of choles-
terol by Cox. The top panel shows the chemical reaction. Revised
from [79].

ure 23.44). To obtain a useful signal the nearby tyrosine
residue responsible for the quenching was mutated to a
leucine.’? The enzyme molecules were immobilized in a 1%
agarose gel and localized by the flavin emission. However,
the emission quickly disappeared (Figure 23.45), and the
disappearing signal was due to dissociation of FMN from
the protein and not photobleaching. Because the rate of dis-
appearance was not dependent on incident power, in the
presence of substrates the FMN displayed rapid blinking in
addition to disappearance that was the result of the oxida-
tion—reduction cycles occurring prior to dissociation (Fig-
ure 23.45). The distribution of on and off times could be
used to determine kinetic constants for the reaction.

Figure 23.43. Single-molecule images of cholesterol oxidase as seen
from the emission of FAD. Reprinted from [79].
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Figure 23.44. Top: Structure of wild-type DHOD from E. coli.
Bottom: Environment of FMN in the catalytic site. Reprinted with
permission from [80]. Copyright © 2004, American Chemical
Society.

23.10.2. Single-Molecule Molecular Beacons

We started this chapter with a schematic of a single-mole-
cule molecular beacon (Figure 23.1). In fact, such an exper-
iment has been reported.3! Figure 23.46 shows a surface-
bound molecular beacon. This sequence has a biotin on one
end and the fluorophore MR121 at the opposite end. The
sequence is designed so that a guanine residue is next to
MRI121 when the beacon is in the hairpin conformation. In
solution this beacon displays a sixfold increase in intensity
when hybridized with the complementary oligo.

The lower panels in Figure 23.46 show confocal im-
ages of surface-bound beacons in the absence (left) and
presence (right) of the complementary oligo. Hybridization
with the complementary oligo results in an increase in the
number of observable spots. The actual increase in intensi-
ty is larger than it appears because the scale on the left
image is four times smaller than the right image. This
approach allows detection of single hybridization events.

SINGLE-MOLECULE DETECTION

w
o

DHOD + FMN

No substrate

N
o

—
o

COUNTS /BIN

o
o

1 2 3
TIME (s)

20
DHOD
with

substrate

10

COUNTS/BIN

TIME (s)

Figure 23.45. Emission intensities of FMN bound to dihydroorotate
dehydrogenase in the absence (top) and presence (bottom) of sub-
strates. The top panel shows traces for three different molecules. The
protein was immobilized in an agarose gel. Reprinted with permission
from [80]. Copyright © 2004, American Chemical Society.

23.10.3. Conformational Dynamics of a
Holliday Junction

Single-molecule FRET has been extensively useful in stud-
ies of the conformational dynamics of DNA and RNA.82-88
One example is a study of the structural dynamics of a Hol-
liday junction.®3 Genetic recombination is an important
component of genetic diversity and evolution. Recombina-
tion occurs when sections of DNA are exchanged between
chromosomes. This recombination occurs at sites that are
called Holliday junctions. These junctions or sections of
DNA form a four-way cross (Figure 23.47). These junctions
are formed and break when DNA strands are exchanged.
The Holliday junction in Figure 24.47 contains four
DNA oligomers. One oligomer was synthesized with a do-
nor (Cy3) and a second oligomer was synthesized with an
acceptor (Cy5) both on the 5' ends of the DNA strands. A
third strand was labeled with biotin for surface immobiliza-
tion. The four-way junction was expected to change its con-
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Figure 23.46. Confocal images of an immobilized beacon, with and
without the complementary oligo, respectively. The left and right
intensity scales are 0—4 and 0-16, respectively. Reprinted with per-
mission from [81]. Copyright © 2003, American Chemical Society.

formation to position the Cy3 and Cy5 close to each other,
or more distant, resulting in changes in energy transfer.
Figure 23.48 shows the single-molecule time traces of
two different junctions, each with a different sequence. In
both junctions the donor and acceptor intensities fluctuate.
The intensity changes are anticorrelated, showing that the
fluctuations are due to energy transfer between Cy3 and
CyS5. In single-molecule studies the extent of energy trans-
fer is presented as Epgpy = 1,/(I4 + Ip), rather than an actu-

Figure 23.47. Structural flexibility in a DNA four-way Holliday junc-
tion. Reproduced with permission from [82]. Copyright © 2003,
American Chemical Society.
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Figure 23.48. Single-molecule conformational changes in two
Holliday junctions. Junctions 3 and 7 refer to different sequences;
Erer = 14/, + Iy). Reprinted with permission from [83].

al transfer efficiency. The extent of energy transfer fluctu-
ates between two levels. This indicates that there is no sig-
nificant population of the intermediate state shown in the
center of Figure 23.47. These junctions exist in only two
conformations. The single-molecule RET data also show
that the sequence affects the preferred conformation. Junc-
tion 3 remains mostly in the form with high-energy transfer.
Junction 7 is equally distributed between the two states
(Figure 23.48).
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Figure 23.49. Calcium sensor based on a GFP donor—acceptor pair
linked by calmodulin (CaM) and the M13 peptide. The panels show
the single-molecule RET efficiency. Reprinted with permission from
[10, 89].

23.10.4. Single-Molecule Calcium Sensor

Single-molecule detection has been extended to single-mol-
ecule sensors.® A single-molecule sensor was designed ac-
cording using two GFPs as a donor—acceptor pair, linked by
calcium-sensitive proteins (Figure 23.49). The linker con-
sisted of calmodulin (CaM) and the M13 peptide. In the
presence of calcium CaM expresses a hydrophobic region
that binds the M13 peptide, bringing the GFPs closer
together.?0 Single molecules of a similar sensor were ob-
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served using a confocal scanning microscope. The individ-
ual molecules were examined at various concentrations of
calcium. Histograms were constructed showing the number
of times a particular transfer efficiency was observed. These
histograms show the closer average distance of the donor
and acceptor in the presence of calcium. In this case the dis-
tributions are rather wide, with overlap of the high- and
low-calcium histograms. This suggests that this sensor
adopts more than two conformations in the presence of cal-
cium.

23.10.5. Motions of Molecular Motors

Motion occurs constantly in cells and tissues, and are due to
a variety of proteins. Intracellular transport of organelles,
mRNA, and other molecules is due in part to kinesin.
Kinesin is a dimeric protein that moves along actin fila-
ments while it consumes ATP. Single-molecule imaging has
been used to follow the motion of kinesin®! and other pro-
teins.”2% For kinesin there were two possible modes of
motion: hand-over-hand and inchworm motion (Figure
23.50). Previous studies had shown that the central stalk in
kinesin does not rotate during motion, so this mechanism
was not considered.

To study kinesin motions one of the actin-binding
domains was labeled with Cy3 and the other left unla-
beled.?! Actin filaments were immobilized on the slides to
provide a binding site for kinesin. Upon addition of ATP the
Cy3 spot was found to move in discrete steps (Figure 23.50,
lower panel). Several different kinesin mutants were labeled
and studied, and all displayed similar step sizes. The size of
the steps allowed selection of the hand-over-hand model for
kinesin motion. The average step size of 17 nm was consis-
tent with the size of two actin molecules. The inchworm
mode of motion would have resulted in a smaller 8.3-nm
step size.

23.11. ADVANCED TOPICS IN SMD

23.11.1. Signal-to-Noise Ratio in
Single-Molecule Detection

We have now seen examples of SMD. These experiments
all had one feature in common, which is careful design of
the sample and optical system to achieve an adequate S/N
ratio. In order to detect a single molecule the signal from
the molecule must be larger than the fluctuations in the
background signal. Additionally, all single-molecule exper-
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Figure 23.50. Possible mechanisms for movement of kinesin on actin
filaments. The lower panel shows the time-dependent motion and the
distance for each step. Reprinted with permission from [91].
Copyright © 2000, American Chemical Society.

iments are performed over a limited range of incident inten-
sities, concentrations, and dye characteristics. At present it
is only possible to observe single molecules above the back-
ground under certain conditions. For SMD the S/N ratio is
given by!6

po (%) ()7
(DQGPPOT
\/ Ahv

SIN = (23.6)

) + CyP,T + NpT

In this expression D is the instrument detection efficiency,
Q is the quantum yield of the fluorophore, G is its absorp-
tion cross-section, A is the illuminated area, Py/hv is the
number of incident photons per second, and 7 is the data
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collection time. In the denominator Cy is the number of
background counts per watt of incident power and Ny the
number of dark counts per second. At first glance this
expression appears complex but its meaning becomes clear
upon examination. The term in the numerator represents the
signal from the fluorophore. The three terms in the denom-
inator are the signals from the fluorophore, autofluores-
cence from the sample and instrument, and the number of
dark counts recorded by the detector. The denominator is
raised to one-half power because it represents the fluctua-
tions or noise in the intensity rather than the intensity itself.

Figure 23.51 shows calculations of the S/N ratio for
assumed parameter values that roughly describe R6G in
water. The surfaces show the dependence of S/N on the
incident power and observed area. The middle panel
assumes there is no photobleaching, and the lower panel
assumes a photobleaching quantum yield of 10-5. This sur-

1l Signal

/)
— W Background

Dark Counts
Offset

COUNTS/ SECOND

DISTANCE

100

)

1077 1078 1073 107!
POWER (Watts)

1077 107% 107 107!
POWER |( Watts)

Figure 23.51. Calculations of the signal-to-noise (S/N) ratio in single-
molecule detection using eq. 23.6; 532 nm, 5.6 x 103 W/cm?, Q =0.28,
6 =4x 10'9cm?, D =0.072, N, = 100 cts/s, Ci = 2 x 103 counts/W.
T = 0.1 s. For the lower panel the photobleaching quantum yield was
taken as 10-. Revised and reprinted with permission from [16],
Copyright © 2003, American Institute of Physics.
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face shows that even under good conditions S/N is unlikely
to exceed 100. Also, S/N is adequate over a limited range of
incident intensities and sample sizes. S/N initially increases
with incident power, but decreases at higher power due to
increased contributions from the background. The useful
range of conditions is even more limited if photobleaching
is considered (lower panel) because the fluorophore disap-
pears after emitting some average number of photons. The
surfaces in Figure 23.51 shows that SMD is possible
because of several favorable conditions, including high
photon detection efficiency, high photostability, and low
dark counts. An unfavorable change in any of these param-
eters can make it impossible to detect the emission from a
single fluorophore.

23.11.2. Polarization of Single Immobilized
Fluorophores

In Figures 23.33 and 23.34 we described the polarization of
single molecules when excited with polarized light. These
concepts are clarified by a mathematical description of this
system. Consider a fluorophore on a glass slide, with colin-
ear absorption and emission dipoles (Figure 23.52). The

Ip-'-.[y

p-Detector

I;=1,
<. s-Detector

Figure 23.52. Polarized intensities for a single immobilized fluo-
rophore.
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transition moment is oriented at an angle 6 from the x-axis
and an angle ¢ from the optical z-axis. The polarized com-
ponents of the emission are separated with a polarizing
beamsplitter. The intensity of each polarized component is
given by the square of the electric field projected onto the
axis. Hence,

I, = I, = k sin’$ cos’0 (23.7)
I, = I, = k sin’*$ sin’® (23.8)

where k is an instrument constant assumed to be the same
for both channels. Notice that it was not necessary to con-
sider the polarization of the incident light. The intensity a
fluorophore emits along the x- and y-axes depends only on
the orientation of the emission dipole, regardless of how the
molecule was excited. The polarization of the emission is
given by

Ip—lS
P= =1 — 2cos’0
L+1

(23.9)

S

Perhaps surprisingly, the polarization does not depend on
the angle ¢ because the intensity is proportional to the same
factor sin? ¢ in both channels.

23.11.3. Polarization Measurements and Mobility
of Surface-Bound Fluorophores

The ability to measure the polarization of single molecules
makes it possible to measure their mobility. Because only a
limited number of photons per fluorophore can be detected
it may be difficult to determine the correlation time from
the polarized intensity decays. An alternative approach to
mobility measurements is to measure the polarized emis-
sion interaction when the excitation polarization is rotat-
ed.? Figure 23.53 shows such measurements of Texas Red
using an electrooptic device to repetitively rotate the excita-
tion polarization. The intensity of this single Texas Red
molecule changes from nearly zero to a maximum value
with rotation of the polarization. The insert shows the aver-
aged intensities at various angles of incident polarization.
There is an angle near 60° where the intensity is near zero.
Recall that excitation of a single molecule is proportional to
cos? 0, so that the intensity minimum occurs where the
absorption transition is perpendicular to the excitation
polarization. Such a high contrast ratio is not seen for
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ANGLE (degrees)

TIME (s)

Figure 23.53. Single-molecule emission intensity of Texas Red on
glass using a confocal microscope. The excitation polarization was
rotated as shown. The insert shows the intensity for different excita-
tion polarizing angles, averaged from the first four cycles. Reprinted
with permission from [96].

ensemble measurements in random media because some of
the fluorophores are always aligned with the incident polar-
ization.

Single-molecule polarization measurements can pro-
vide a direct measurement of the angle between the absorp-
tion and emission dipoles.38 Figure 23.54 shows the inten-
sities of an immobilized Cy5 molecule. For rotation of the
excitation or emission polarizer. As described in Figure
23.33 and 23.34, the angle-dependent intensities will over-
lap for parallel transitions and be shifted when the absorp-
tion and emission dipoles are displaced by an angle 3. In the
case of Cy5 the angle-dependent intensities nearly overlap.
The small offset is consistent with a small angle of B = 5°.

The concepts shown in Figures 23.53 and 23.54 were
applied to a labeled DNA oligomer that was bound to APS-

3 Cy5 on Glass s
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Figure 23.54. Dependence of the emission intensity of an immobi-
lized CyS5 molecule on the angle of the excitation (®) and emission (O)
polarization. The data represent an average from 15 molecules.
Reprinted with permission from [58].
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treated glass.7 The sample was immersed in water to allow
the possibility of probe rotation, but the oligomers did not
migrate on the slide. The intensities of the polarized com-
ponents of a single molecule were excited with different
polarizations (Figure 23.55). The polarized components are
completely out of phase. This is because when the fluo-
rophore is parallel to one detection channel it is perpendi-
cular to the other detection channel. Additionally, the corre-
lation time of the probe must be much longer than the excit-
ed-state lifetime. Otherwise the emission in both channels
would be the same. Using these considerations, molecules
a, b, and e in Figure 23.55 are mobile. Molecule ¢ must be
immobilized because the intensities are in phase. The pat-
tern seen for molecule d is characteristic of hindered rota-
tional motion.

23.11.4. Single-Molecule Lifetime Estimation

Calculation of the lifetimes using single-molecule data
requires a different algorithm from that described for

200

w (a)

£ 150

i

~ 100

w

et

S so

(=}

O ol _ _ , AT
0 100 200 300 400 500

Time (ms)

100 b

50 200

100

25
50

0

-80 0 80
Angle (degrees)

Figure 23.55. Time traces of the polarized intensities of a single
labeled DNA oligomer bound to APS-treated glass. In a, b, and e the
fluorophore is freely rotating. In ¢ the fluorophore is immobile. The
data in panel b are for the same molecule observed for panel a. The
pattern in panel d is said to be characteristic of a hindered motion.
Reprinted with permission from [97].



788

TCSPC. For TCSPC there is usually a large number of pho-
tons in each time interval, and the measurements are accu-
rately described as Gaussian distributions around the true
value. It should be remembered that the use of nonlinear
least squares is based on the assumption that measurements
have Gaussian properties. For the single-molecule data
there is usually a small number of counts in each time inter-
val. As a result the number of counts in each bin is distrib-
uted according to Poisson probability function. Nonlinear
least squares is not the correct approach for such data.

Methods have been developed to recover single-mole-
cule lifetimes from sparse data.®®-1% In many single-mole-
cule experiments the goal is not to resolve multi-exponen-
tial decays, but rather to obtain the best estimate of the
decay time, the decay time which has the maximum likeli-
hood of being the correct value. For this simple case there
is an analytical expression for the estimated lifetime.!%0
Assume the time width of each bin is At and that there are
m bins, so the total time width of the data is mA¢ = T. Then
the lifetime can be found from

1

(23.10)

z|z

1 m
A—B=-—13 iAt
N;’

where N, is the number of counts in the ith bin and N is the
total number of counts. The best estimate lifetime can be
found using

A = Atll — exp(—Atlt)] (23.11)

B = Tllexp(T/t) — 1] (23.12)
These expressions are solved interactively to recover the
lifetime t. Different expressions are needed to estimate
multiple parameters by the maximum-likelihood method.
The important point is that nonlinear least squares should
not be used with sparse data.

23.12. ADDITIONAL LITERATURE ON SMD

The technology and applications for SMD have expanded
dramatically during the past several years. It was not prac-
tical in this chapter to describe the many elegant results
published on SMD. To assist the reader in finding reports of
interest we have included, after the main references, a com-
pilation of additional references on single-molecule detec-

SINGLE-MOLECULE DETECTION

tion that summarizes many of these reports according to
their main emphasis.

In closing, SMD is a powerful technology that bypass-
es ensemble averaging and provides direct information on
the behavior and/or kinetics of single molecules. While
many papers have been published, the majority are still
proof-of-principle experiments that are always necessary to
systematize a new technology. The reader may notice the
absence of examples on single-molecule diffusion or intra-
cellular single-molecule detection. Several reports on these
topics have appeared but were not selected as teaching
examples because the results are not as clear as those shown
above. It appears likely that there will be considerable dif-
ficulty performing SMD experiments on freely diffusing or
intracellular species.
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PROBLEMS

P23.1. Suppose you have a fluorophore with a molar extinc-
tion of 104,000 M-! cm-! at 600 nm, and a lifetime of
4 ns. Assume there is no intersystem crossing or blink-
ing. Calculate the light intensity in watts/cm? needed to
result in half of the molecule in the excited state. If the
illuminated is 1 pm? what is the needed power?
Assume the objective transmits 100% of the light.
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